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SUMMARY
Tissue morphogenesis arises from the culmination of changes in cell-cell junction length. Mechanochemical
signaling in the form of RhoA underlies these ratcheted contractions, which occur asymmetrically. The under-
lyingmechanisms of asymmetry remain unknown.We use optogenetically controlled RhoA inmodel epithelia
together with biophysical modeling to uncover the mechanism lending to asymmetric vertex motion. Using
optogenetic and pharmacological approaches, we find that both local and global RhoA activation can drive
asymmetric junction contraction in the absence of tissue-scale patterning. We find that standard vertex
models with homogeneous junction properties are insufficient to recapitulate the observed junction dy-
namics. Furthermore, these experiments reveal a local coupling of RhoA activation with E-cadherin accumu-
lation. This motivates a coupling of RhoA-mediated increases in tension and E-cadherin-mediated adhesion
strengthening. We then demonstrate that incorporating this force-sensitive adhesion strengthening into a
continuum model is successful in capturing the observed junction dynamics. Thus, we find that a force-
dependent intercellular ‘‘clutch’’ at tricellular vertices stabilizes vertex motion under increasing tension
and is sufficient to generate asymmetries in junction contraction.
INTRODUCTION

Morphogenesis relies on the tight spatiotemporal control of cell-

cell junction lengths.1 Contractile forces, acting at adherens junc-

tions, alter junction lengths as a cyclic ratchet.2–6 Preceding these

ratchetedcontractions arepulsesof activeRhoA,5,7,8 the strength

and temporal pattern of which control junction tension to confer

junction length.9,10 Through effector activation, contractile acto-

myosin arrays assemble rapidly in response to intracellular

biochemical signals and/or physical cues from neighboring

cells.11 As such, RhoA GTPase cycling is thought to give rise to

spatiotemporal changes in junction length, which in turn drive tis-

sue morphogenesis.12 Although the molecular components of

these mechanochemical systems are well characterized, the

mechanisms by which RhoA regulates junctional tension and

adhesion to control cell shape remain largely unknown.
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A recent study has revealed the asymmetric nature of junction

contraction that occurs during germband extension.13 Here, one

tricellular vertex is highly mobile and contracts toward a more

immobile, stationary vertex. The net result of this asymmetric

vertex motion is coordinated asymmetry in junction deformation

whose collective contractions facilitate global tissue rearrange-

ments.13,14 A possible mechanism underlying this innate vertex

asymmetry describes heterogeneous force production along

the junction proper. Nonuniform force production may cause

very local actomyosin to flow to specific regions of the junction

for qualitatively different junctional responses. Bicellular edges,

for example, act as independent contractile units apart from tri-

cellular vertices.13,15 Medioapical actomyosin that flows to the

bicellular interfaces can also generate contractile forces suffi-

cient to deform junctions5,8 and to the tricellular vertices may

restrict these contractions, thus stabilizing the junctional
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Figure 1. RhoA activation drives asymmetric vertex motion in model tissue

(A) Representative image of a model epithelial tissue formed from confluent MDCK cells expressing E-cadherin GFP.

(B) Zoomed-in images of the WT junction over the course of 2 h showing no junction length changes with the addition of media. See also Figure S1 and Video S1.

(C) Representative images of time-lapse video over the course of 2 h showing asymmetric junction shortening with the addition of the CN03 compound. See also

Video S1.

(D) Schematic of junction shortening and displacement measurement analysis.

(E) Vertex displacement analysis for junctions under WT (media treatment) conditions showing little-to-no vertex motion. Inlay shows particle tracks for a

representative vertex pair under WT conditions. Error bars indicate standard error. See also Figure S1.

(F) Vertex displacement analysis for junctions in CN03 treatment showing asymmetry in vertex displacements. Inlay shows trajectories for a representative vertex

pair in CN03 treatment. Error bars indicate standard error. See also Figure S1.

(G) Schematic of the TULIP optogenetic system to drive local RhoA activation.

(H) Zoomed-out image of a targeted junction at�1min before optogenetic activation. Top image showsHECD1 junction labeling of E-cadherin and bottom image

shows prGEF localization.

(I) Time-lapse of the junction in H undergoing a 5-min optogenetic activation showing asymmetric junction contraction within the activation period and junction

relaxation post-activation. See also Figure S1 and Video S2.

(legend continued on next page)

ll

Current Biology 32, 1986–2000, May 9, 2022 1987

Article



ll
Article
ratchet.13 The coordination between these spatially distinct

actomyosin flows may yield asymmetric junction shortening.13

Thus, sub-cellular mechanics that underlies this asymmetry re-

mains unclear.

Cells sense and respond to mechanical cues through

force-sensitive feedbacks within the cytoskeleton. Apical

E-cadherin-based adhesionsmediate intercellular cell-cell adhe-

sion. However, E-cadherin should be envisaged not as a static

participant of cellular adherence but rather as a dynamic sensor

of force that dictates cellular behavior. For example, force stimu-

lates the RhoA pathway and myosin light chain phosphorylation,

resulting in anoverall increase in actin polymerization at adherens

junctions.16 Additionally, force-sensitive processes within adhe-

rens junctions allow adhesive components to strengthen under

force.17 Here, cadherin catch bonds are strengthened when

adhesion complexes experience tensile force.18 Together, these

mechanisms cause clustering of E-cadherin molecules and actin

to trigger adhesion complex growth.19 In this way, these proteins

subsequently generate a reinforcement response to anchor junc-

tions against applied force.20 However, it is still unclear if andhow

cells’ force-sensitive coupling of actomyosin and adhesion com-

plexes modulate junction length to coordinate morphogenetic

movements at the cellular scale.

Here, we investigated the origins of asymmetric junction

contraction by using optogenetic and pharmacologic modula-

tion of RhoA activity. This system allowed for sub-cellular control

of RhoA stimulation to investigate the origins of asymmetric

contraction. We then used computational modeling to offer pre-

dictions on the mechanistic origin of this asymmetric contrac-

tion. Our experimental data indicated that differential regulation

of vertex tension, as predicted by canonical models of epithelial

tissues, was insufficient to account for such asymmetry.We then

explored whether local coupling between RhoA-mediated

contraction and vertex friction could account for the experi-

mental results. We found that force-dependent adhesion

strengthening at tricellular vertices acts to locally reinforce the

vertex to restrict its movement. Thus, coupling between RhoA-

mediated tension and adherens junction strengthening was suf-

ficient to recapitulate experimental data. By modulating

E-cadherin friction with pharmacological perturbations, we

induced symmetry back into the system or abolished junction

contraction entirely. Our modeling and experimental data there-

fore point to a unified model of asymmetry induced by both fric-

tion and local contraction that is mediated by a RhoA-dependent

asymmetric recruitment of E-cadherin at tricellular vertices.

RESULTS

RhoA stimulates asymmetric junction contraction in a
model epithelium
To examine howRhoA controls junction contractions, we formed

a model tissue by plating a colorectal adenocarcinoma (Caco-2)
(J) Vertex displacement analysis for the junction within the 5-min optogenetic activ

the optogenetic Rho activation. Inlay shows particle tracks during the 5-min opt

standard error.

(K) Schematic documenting the percent movement analysis.

(L) A histogram of the percent motions of all vertices in response to optogenetic s

shows that the movement of the vertices is bimodal.
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cell line at full confluency on collagen gels and CRISPR tagged

for E-cadherin to facilitate the monitoring of junctional move-

ments (Figure 1A).21 We then measured junction length by

finding the interfacial distance from one tricellular vertex to the

other tricellular vertex. Under control conditions, there were

negligible changes in junction length over the course of a 2-h

period (Figures 1B and S1A; Video S1). Here, the junction length

was stable and only fluctuated about 1% over the 2-h period

(Figure 1B).

We then treated cells with a cell-permeable, pharmacological

RhoA activator, CN03, to increase RhoA activity globally and

acutely across the entire tissue. We began imaging upon the

addition of CN03, at time (t) = 0 min, and examined junction

length changes resulting from RhoA increases until t =

125min. About 30%of the junctions contracted, resulting in their

shortening to about 80%of the initial length (Figures 1C and S1A;

Video S1). We manually tracked each vertex and measured its

displacement in space over time (Figure 1D). Under control con-

ditions, we found that there was little-to-no vertex movement

(Figures 1B and 1E). In contrast, in CN03-containing media,

one vertex moved significantly more than the other vertex

(Figures 1C and 1F). This asymmetric contraction is reminiscent

of observations in developmental systems.13,14

To explore the mechanism of asymmetric contraction, we

turned to an optogenetic approach. The logic behind this exper-

iment was to have isolated junctions acutely experience height-

ened and targeted RhoA activation. For spatial and temporal

control over RhoA activity, we used a Caco-2 cell line expressing

the tunable light-controlled interacting protein (TULIP) optoge-

netic two-component system.9,10,22–24 TULIP’s two components

include the (1) membrane-tethered photosensitive LOVpep an-

chor protein and the (2) photorecruitable guanine nucleotide ex-

change factor (prGEF) complex that houses the photorecruitable

PDZ domain attached to the catalytic DH domain of the RhoA-

specific GEF, LARG. Blue-light (405 nm) activation causes a

conformational change in the LOVpep domain to expose a

docking site for the engineered PDZ domain within the prGEF

complex. This blue-light activation increases the binding affinity

between the two components, thereby recruiting the prGEF to

the membrane where it drives local RhoA activation (Fig-

ure 1G).9,10,22,24 This system has high temporal resolution, as

prGEF recruitment and dissociation occurs on the order of 30–

60 s. prGEF recruitment was tightly confined to the targeted

cell-cell junction, consistent with previously published work (Fig-

ure 1I).9 This system is advantageous, because it restricts junc-

tional contraction to the optogenetically activated junction, so

that the frame of reference for vertex motion is the surrounding

junctions and tissue. Overall, this system gave tight spatiotem-

poral control over the prGEF and thus RhoA in order to study

how junctions contract upon increased RhoA activity.

To visualize the distortion of the bicellular junction during

asymmetric contraction, we labeled E-cadherin using an
ation period. Displacement analysis shows asymmetric vertex displacement of

ogenetic activation period for a representative vertex pair. Error bars indicate

timulation shows two peaks at 30% and 70%. A Hartigan’s dip test (p = 0.049)
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antibody labeling technique targeting its extracellular domain.

We bathed the cells for at least an hour in E-cadherin primary

antibody, HECD1, and its corresponding fluorescently labeled

secondary antibody. Upon washing out the antibody, we found

that this labeling produced a punctate pattern of E-cadherin

that delineated the cell-cell junctions and vertices (Figures 1H

and S1B). HECD1 targets the EC2 domain region of the

E-cadherin ectodomain, rather than the EC1 domain that medi-

ates trans-binding. In this way, cellular cohesion and intercellular

E-cadherin binding via EC1 domains was preserved. Indeed, we

found that under the conditions of our experiments, HECD1 did

not affect junction contraction dynamics (Figures 1I and S1C–

S1E; Video S2).9 This light-stimulated contraction was surpris-

ingly consistent across multiple junctions with different initial

lengths and geometries.

We found that optogenetic recruitment of prGEF along the

entire bicellular junction induced asymmetric contraction

(Figures 1I and 1J; Video S2). To quantify the asymmetry, we

measured the relative displacement of each vertex in a vertex

pair, as defined by the distance moved of one vertex (e.g., D1)

over the total distance moved by both vertices (D1 + D2), to yield

D1/(D1 + D2) and D2/(D1 + D2) (Figure 1K). We then plotted the

probability density of the relative movement. This revealed an

asymmetry in the histogram with peaks around 30% and 70%,

further indicating an inherent asymmetry in the distribution of

vertex motion (Figure 1L). This result was starkly contrasted

against a symmetric contraction, where a single peak centered

around 50% would be expected. Interestingly, this asymmetric

vertex displacement occurred despite uniform prGEF recruit-

ment along the bicellular junction, discarding the possibility

that heterogenous GEF recruitment is required for asymmetric

junction contraction (Figures S1F and S1G). The asymmetric

contraction of junctions was also surprisingly robust to changes

in focal adhesion signaling (Figures S1H–S1O).

Asymmetric contraction can be driven by heterogeneity
in active RhoA
Junctions could either contract uniformly along their length or the

extent of contraction could vary as a function of position. To

explore these possibilities, we used the variable intensity of

HECD1 labeling to examine local variations in deformations

along the junction. A line scan along the junction, taken over

time, created a kymograph for which to analyze fiduciary flows

before, during, and after light-stimulated junction contraction

(Figure 2A).

Using these kymographs, we thenmeasured the displacement

of different regions along the junction over time (Figure 2A). We

identified the location of zero displacement to identify the

contraction center. To compare junctions of varying lengths,

we normalized both displacement and position along the junc-

tion by the junction length. For consistency, we identified the

less mobile vertex position as ‘‘0’’ and the more mobile vertex

position as ‘‘1.’’ For a symmetric contraction, we would expect

to see the center of contraction at the midpoint of the junction,

or 0.5, and a displacement proportional to distance from the

contraction center. Instead, we found that the displacement is

nonlinear, suggesting that contraction is heterogenous along

the bicellular junction (Figure 2B). Furthermore, we found the

contraction center to be skewed toward the less-motile (LM)
vertex (Figures 2A and 2C). Analyzing multiple kymographs re-

vealed that the mean center of junction contraction was consis-

tently closer to the LM vertex with a mean of 0.32 (Figure 2C). By

contrast, values of normalized center of contraction over 0.5

would be achieved in scenarios in which the center of contrac-

tion is proximal to the motile vertex.

It is plausible that that RhoA activity is not uniform along the

junctions, giving rise to heterogeneous stress along the junction.

To explore this, we used the RhoA biosensor (AHPH) containing

the GTP-RhoA binding C-terminal portion of Anillin.25,26 We

transfected the E-cadherin-expressing cells with the AHPH

and then visualized RhoA activity during a CN03 wash-in exper-

iment.We observed discrete sub-junctional region of heightened

active RhoA, which we termed flares (Figures 2D and 2E; Video

S3). These flares were absent from junctions without CN03 treat-

ment (Figures S2A–S2F). We measured the intensity of active

RhoA along the junction and found that the peak, the central flare

location, was skewed toward the LM vertex (Figures 2D and 2E;

Video S3). Fitting a Gaussian curve to these data, we labeled the

peak of this Gaussian as the location of the ‘‘peak’’ RhoA region

(Figure 2E). By analyzing fourteen kymographs, we found that

the mean RhoA flare position was skewed toward the LM vertex,

with an average position of 0.35 (Figure 2F).

The above data indicated that the location of RhoA flares were

critical in determining asymmetric contraction, with reduced

mobility of the vertex proximal to active RhoA. To test this hy-

pothesis, we exploited the optogenetic approach to systemati-

cally activate only a portion of the junction. When the lower

half of the junction was activated, the junction contracted to

about 85% of its original length, similar to the extent for full junc-

tion activation. The vertex proximal to the region of activation

(ROA) was significantly less mobile than the distal vertex

(Figures 2G and 2H; Video S4). Kymograph analysis in the

HECD1 channel revealed that the center of contraction for the

half-junction activation was at the relative position of 0.2 (Fig-

ure 2I). Altogether these data indicate that asymmetry in active

RhoA dictates the bias in vertex motion.

Mechanosensitive E-cadherin induces vertex friction at
LM vertices
RhoA acts at cell-cell interfaces to regulate cell morphology

through its effect on actomyosin tension and adhesion

strength.9,27 To explore the possibility that changes in adhesion

strength underlie vertex immobility, we analyzed E-cadherin

localization, as visualized by HECD1 fluorescence, at tricellular

vertices during whole junction optogenetic stimulation. We

observed HECD1 fluorescence in punctae along the junction

and at both vertices. We monitored the HECD1 fluorescence at

both vertices during an activation experiment. At themoremotile

(M) vertex, we found that the HECD1 intensity did not vary signif-

icantly during the experiment (Figure 3A [red arrow]). By contrast,

at the LM vertex, we found that there was a marked increase in

HECD1 immediately after activation which diminished after

exogenous stimulation was removed (Figures 3A and 3B; Video

S5). This trend was consistent across numerous junctions and

paired vertices (Figure 3C). To further explore the contribution

of E-cadherin levels to vertex asymmetry, we analyzed the rela-

tive HECD1 fluorescence intensities between the M and LM

vertices. We found that before optogenetic activation, at T0,
Current Biology 32, 1986–2000, May 9, 2022 1989
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Figure 2. Asymmetric distribution of active RhoA drives contraction asymmetry

(A) (Left) Representative kymograph of an optogenetically activated junction labeled with HECD1 showing asymmetry junction contraction and relaxation. (Right)

Fiducial marks seen in the kymograph to the left are color coded according to the amount of displacement within the optogenetic activation period. The location of

zero displacement of the fiducial marks is marked with a dashed red line.

(B) (Left) Analysis of the displacement of each fiducial mark’s flows as a function of the distance from the contraction center for two individual junctions showing

nonlinear displacement from one end of the junction to the other, indicating a nonuniform contraction of each junction. (Right) Averaged plot showing the

nonlinearity of fiducial displacement as a function of the normalized junction position. Error bars show standard deviation.

(C) Inlay shows diagramof the less-motile (LM) vertex being labeled as 0 and themotile (M) vertex being labeled as 1. Red arrows represent the extent of the vertex

motion along the junction during contraction. Analysis of the localization of zero displacement (as seen in A) of the fiduciary marks indicates the center of the

junction as being skewed toward the less-motile vertex.

(D) (Left) Representative image E-cadherin-GFP and RhoA biosensor, AHPH in a junction subjected to CN03 treatment. Junction shows asymmetric contraction

with a RhoA flare along the junction. (Right) Kymographs show asymmetric junction contraction and a RhoA flare that is biased toward the less-motile vertex. See

also Figure S2 and Video S3.

(E) Analysis of the junctional AHPH intensity plots averaged over the last 5 frames of the kymograph (left) fitted to aGaussian curve. Green dotted line indicates the

peak of the Gaussian fit, indicating the centralized location of the RhoA biosensor.

(F) Pooled analysis of the peak of the RhoA biosensor, as calculated in (E), showing mean junctional RhoA localization as being skewed toward the less-motile

vertex.

(G) Representative image and kymograph of a junction undergoing half-junction activation at the bottom junctional region. See also Video S4.

(H) Vertex displacement analysis of bottom-junction activation showing contractile asymmetry between two vertices. Inlay shows individual vertex tracks for two

vertices of the same junction. Error bars indicate standard error.

(I) Normalized center of contraction analysis for bottom-junction activation showing the center of contraction is skewed toward the region of activation.
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Figure 3. E-cadherin accumulates at less-motile

vertex and perturbations to E-cad alter contraction

dynamics

(A) Representative kymograph of optogenetic activation

showing increases in E-cadherin pooling at the less-motile

vertex (white arrow) versus the motile vertex (red arrow).

(B) Representative image of a less-motile tricellular con-

tact showing E-cadherin pooling at the vertex after 5 min

of optogenetic activation. Scale bars, 2.5 mm. See also

Video S5.

(C) Quantification of vertex fluorescence intensities of

motile and less-motile vertices. Less-motile vertices

show increases in E-cadherin pooling and subsequent

vertex fluorescence compared with motile vertices.

(D) Quantification of the normalized HECD1 fluorescence

vertex intensities before optogenetic activation at T0
for motile and less-motile vertex shows no significant

difference.

(E) Quantification of the normalized HECD1 fluorescence

vertex intensities after optogenetic activation at T5 for

motile and less-motile vertex shows a significant, height-

ened level of E-cadherin at less-motile vertices.

****p < 0.0001 as calculated by the Student’s t test.

(F) Relative increases of the vertex HECD1 (E-cad) plotted

against the relative displacement of that vertex shows

highly motile vertices with less HECD1 changes and

less-motile vertices showing more HECD1 level changes.

(G) Representative kymograph of junction treated with the

E-cadherin blocking antibody, DECMA. See also Video S6.

(H) Representative kymograph of cells treated with

ResEcad. See also Figure S3 and Video S6.

(I) Vertex displacement analysis of DECMA-treated junc-

tions showing symmetric contraction. Inlay shows particle

tracks of a representative vertex pair during optogenetic

activation. Error bars indicate standard error.

(J) Vertex displacement analysis of ResEcad-treated junc-

tions showing a severe reduction in the contraction. Inlay

shows particle tracks of a representative vertex pair during

optogenetic activation. Error bars indicate standard error.
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we found no significant difference in normalized vertex HECD1

fluorescence intensities (Figure 3D). After 5 min of optogenetic

activation, at T5, we found a significant increase in HECD1 fluo-

rescence intensities at the LM vertex compared with those at the

M vertex (Figure 3E). We then plotted the relative increase in ver-

tex HECD1 as a function of the relative displacement of each ver-

tex and saw a clear trend suggesting that the higher the relative

increase in E-cadherin, the less the vertex would move in space,

thus promoting vertex asymmetry (Figure 3F). Together, these

data indicate that changes in tricellular junction adhesion

strength may contribute to the observed asymmetry.

To explore whether E-cadherin-mediated adhesion acts to

impede contraction via its contribution as a source of frictional

drag, we next sought to modulate E-cadherin interactions. First,

weuseda functionblockingantibody,DECMA, and its conjugated

secondary antibody to visualize junctional dynamics. DECMA

binds specifically to EC1 domains on E-cadherin, abolishing any

trans-interactions between E-cadherin molecules, thereby

reducing E-cadherin binding. Upon addition of DECMA, we found

a similar labeling pattern of E-cadherin that coated the junction

(Figure 3G).Optogenetic activation induced similar junctional con-

tractions compared with WT conditions, but the contraction was

more symmetric (Figures 3G–3I; Video S6) To increase junctional

friction, we next sought to increase the levels of E-cadherin

through the cell-permeable, pharmacological isoxazolocarboxa-

mide compound, ResEcad28 (Figure S3A). This compound has

been shown to induce a dose-dependent increase in E-cadherin

levels in adenocarcinomacells, therebymodulating junctional fric-

tion levels.We foundthatResEcad treatment severely suppressed

optogenetically induced junctioncontraction (Figures3H,3J,S3B,

and S3C; Video S6). These data indicate that modulating

E-cadherin levels and interactions, inducing either low or high

adhesion strength, can dramatically influence both themagnitude

and asymmetric nature of vertex motions.

Local RhoA drives E-cadherin accumulation
The above data hint at active RhoA driving E-cadherin recruit-

ment to modify adhesion strength along the bicellular or tricellu-

lar junction, an idea that has been explored recently.29,30 To

explore this, we used our optogenetic approach to selectively

recruit prGEF to the tricellular junction or a small portion of the

bicellular junction. Interestingly, tricellular vertex prGEF recruit-

ment was insufficient to induce junction contraction, with the

vertices exhibiting little-to-no vertex displacement compared

with WT full-length activation (Figures 4A and 4B; Video S7).

However, tricellular vertex activation did induce a 30% increase

in E-cadherin intensity (Figures 4A and 4C). These data indicated

that RhoA activation locally recruits E-cadherin, even in the

absence of visible junction contraction.

We next activated a small portion of the bicellular junction

(Figure 4D; Video S7). Activation at the center third of the junc-

tion created a contraction whose extent was similar to that of

WT full-length activation. As the center was being activated,

there was a noticeable concentration of E-cadherin puncta to

the ROA (Figure 4D). Displacement analysis for the center acti-

vation indicated that the contraction was more symmetric, with

both vertices moving considerably and relatively evenly upon

prGEF recruitment (Figure 4E). Moreover, analysis of the

HECD1 fiducial marks revealed that the center of contraction
1992 Current Biology 32, 1986–2000, May 9, 2022
was symmetric, with a mean center of contraction of 0.47

(Figure 4H).

We observed E-cadherin accumulation with this stimulation

geometry, which also provided a means to explore its possible

mechanisms. E-cadherin punctae coalescence upon junctional

prGEF recruitment within the activation period (Figure 4G).

Here, prGEF recruitment preceded this concentration of

E-cadherin, as smaller punctae of E-cadherin coalesced to a

concentrated point upon blue-light activation (Figure 4G [white

arrows]; Video S7). We then measured the fluorescence inten-

sities of the HECD1 at the ROA and the non-activated flanking

regions (Figure 4H). This analysis revealed heightened accumu-

lation of HECD1 at the ROA compared with the distal portion,

where the overall intensity change was negligible. There was

no depletion of HECD1 fluorescence intensities within the flank-

ing regions, indicating minimal lateral motion of punctae from

the flanking to activated region. Rather, these data led us to

suspect that E-cadherin accumulation occurs from diffuse

membrane-associated E-cadherin, including from those re-

gions outside the focal plane and/or along the basolateral inter-

face. Furthermore, the coalescences suggest that the punctae

are relatively stable and accumulate intensity from diffusing

E-cadherin. This is not dissimilar to the increase in intensity

of focal adhesion proteins within plaques during their

assembly.31

Together, these data hint that junctional RhoA activity serves

both to generate stresses required for contraction, as well as

modify cell-cell adhesion through E-cadherin recruitment.

Thus, we surmise that their coordination drives the nature of

junction contraction, which we explore with mathematical

modeling.

Mechanical model of asymmetric junction contraction
To quantitatively explain the biomechanical origins of the

observed asymmetric contraction, we developed a continuum

mechanical model for the junction dynamics arising from the

balance of tensional forces of the primary junction with the

two neighboring shoulder junctions and a frictional drag acting

at the vertices to resist their motion (Figures 5A and 5B). We

modeled the junction as a linear elastic continuum with

compressional elastic modulus E, tension L, and dissipating

stresses with a friction coefficient m. The shoulder junctions

provide an elastic spring-like resistance to motion with

stiffness k. We surmise that the regions flanking those of

heightened tension are the primary source of friction and are

dominated by the shoulder junctions and/or the bicellular

interface. Building upon molecular clutch models regulating

cell adhesion,30,32 we surmise that friction arises from the rela-

tive motion between the E-cadherin-bound membrane and the

actin cortex, mediated by turnover of linkers, such as the ez-

rin-radixin-moesin (ERM) proteins, a- and b-catenins, as well

as from differential motion of the contracting junction with

the flanking shoulder junctions (Figure 5A).

Our continuum modeling approach for the intercellular junc-

tion stood in contrast to the existing vertex models of epithelial

tissues,33–35 where the epithelia are modeled as networks of

edges under uniform and constant tension,36 with the vertex po-

sitions determined by force balance from the neighboring junc-

tions. By modeling the junction as an elastic continuum, we
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Figure 4. RhoA activation drives local E-cadherin accumulation

(A) Representative image and kymograph of a junction undergoing only vertex activation at the tricellular contact. See also Video S7.

(B) Vertex displacement analysis of vertex activation showing little-to-no vertex motion within the optogenetic activation period. Inlay shows individual vertex

tracks for two vertices of the same junction. Error bars indicate standard error.

(C) Normalized HECD1 (E-cadherin) fluorescence intensities for vertices during vertex activation between the activated and non-activated vertices. Activated

vertices show increases in E-cadherin fluorescence intensities.

(D) Representative image and kymograph of a junction undergoing center-junction activation. See also Video S7.

(E) Vertex displacement analysis of center-junction activation showing contractile symmetry is restored. Inlay shows individual vertex tracks for two vertices of the

same junction. Error bars indicate standard error.

(F) Normalized center of contraction analysis for center-junction activation showing the center of contraction is in themiddle of the junction, consistent with where

RhoA is activated.

(G) Representative images of HECD1 and prGEF before and during optogenetic activation, showing displacement E-cadherin puncta upon activation (white ar-

rows). See also Video S7.

(H) Quantification of average fluorescence intensities of HECD1 of data in (G) bothwithin the region of activation (ROA) and the two flanking regions proximal to the

ROA.
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allowed for the junction tension and friction forces to vary along

the length of the junction, such that the displacement along the

junction would be tracked during a contraction event (Figure 5C).

Mechanical force balance at a point along the junction was writ-

ten as
m
vu

vt
= E

v2u

vx2
+
vL

vx
(Equation 1)

where uðx; tÞ was the displacement along the junction at time t,

and x was the position along the junction. The shoulder junctions
Current Biology 32, 1986–2000, May 9, 2022 1993
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Figure 5. Mechanical forces regulating vertex motion asymmetry

(A) Schematic showing a single junction’s architecture at the bicellular interface, with speculation onmolecular-scale interactions built from the existing literature.

(B) Toy model schematic, illustrating the forces that control junction contraction dynamics. Shoulder junctions are modeled through a spring-like tensions and

friction that resist the extent and rate of deformation. Junction is modeled as an elastic continuum, where tension and friction may vary along the junction and at

the vertices.

(legend continued on next page)
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were modeled as providing a spring-like resistance to motion,

with an effective stiffness k that depended both on the tension

and the geometry of the shoulder junctions (see ‘‘computational

model’’ section). For simplicity, we normalize distance by the

length of the junction, such that x = 0 and x = 1 are the ends of

the junction, and normalize stresses by the Young’s modulus

of the junction, only keeping the units of time. Force balance at

the tricellular vertices was given by

m
vu

vt
= E

vu

vx
+L� kLMu (Equation 2)

at x = 0 and

m
vu

vt
= � E

vu

vx
� L� kMu (Equation 3)

at x = 1, with kLM and kM being the stiffnesses of the two shoul-

der junctions corresponding to the LM and the M vertices,

respectively. We estimate the model parameters by analyzing

the motion of vertices measured in experiments (Figures S4G–

S4I). When plotting vertex speed against displacement, we

observe an approximate linear trend (Figure S4I). Assuming a

simple linear spring model for the effective elastic response at

each vertex, _ui = ðLi � ðki +EÞuiÞ=mi, where Li is the tension

acting on the vertex i ði = LM;MÞ, mi is the friction, and ki is the

shoulder stiffness, we estimate the tension to friction ratio

Li=mi from the intercept, and stiffness to friction ratio

ðki +EÞ=mi from the slope of the speed-displacement curve

(STAR Methods).

To simulate RhoA-induced contraction, we applied a uni-

form contractile stress for a duration of 5 min to a junction

initially at rest and recorded the resulting displacements of

the two vertices (Figure 5C). These displacements were ob-

tained by solving Equation 1 subject to the boundary condi-

tions given by Equations 2 and 3. We then used the model

to test three different mechanisms for asymmetric vertex mo-

tion and heterogeneous mechanical response arising from (1)

differential elastic resistance at the shoulder junctions, (2) dif-

ferential friction, and (3) asymmetric tension along the

junction.

We first tested how the asymmetry in vertex motion was regu-

lated by differential elastic resistance from the shoulder junctions

using our continuum mechanical model. For each vertex, we

sampled the shoulder junction stiffness ki from a normal distribu-

tion with mean k0 and standard deviation k0=3. For each vertex,

we then compared the percentage of total vertex displacement

(relative displacement), ui=ðuLM + uMÞ, against the percentage
(C) Kymograph of simulation junction during contraction. Lines show the motion

Lð0Þ = 1, Lð1Þ = 2.

(D) Simulation results of the relative displacement of the two vertices as a functio

(E) Simulation results of the relative displacement of two vertices as a function o

(F) Simulations results of the relative displacement of two vertices as a function

(G) Experimental data plotting relative motion as a function of relative stiffness.

(H) Experimental data of relative displacement as a function of the HECD1 intens

(I) Experimental data plotting relative displacement as a function of the RhoA pe

(J and K) Average normalized speed against normalized position from experiment

linear fit. See also Figure S4.

(L and M) (L) Tension over friction, equal to the intercept of the fit, and (M) stiffn

vertices.

See also Figure S4.
of total shoulder stiffness (relative stiffness), ki=ðkLM + kMÞ.
Expectedly, we found that vertex displacement depended line-

arly on shoulder stiffness, with relative displacement decreasing

with increasing relative stiffness (Figure 5D).

To test the model predictions using our experimental data, we

estimated the elastic resistance at shoulder junctions by

computing the tensions along shoulder junctions and change

in their geometries during a contraction event, as measured by

calculating junction length and the interior angles normal to the

activated junction (STAR Methods). From the angles between

the activated junction and its neighbors, we calculated the rela-

tive tensions on each junction by balancing forces both along the

junction and perpendicular to it. From these tensions, we then

calculated the differential change in force due to a change in ver-

tex position, which defines the effective stiffness of the shoulder

junctions (STAR Methods). However, when we quantified the

relative stiffness using data from our optogenetic experiments,

we found no correlation with relative vertex displacement (Fig-

ure 5G), indicating that asymmetric elastic resistance at the

vertices does not play a role in predicting asymmetric vertex mo-

tion upon contraction.

An alternative mechanism for asymmetric vertex motion could

arise from heterogeneous adhesive properties at the tricellular

vertices or even along the junction proper that may alter the fric-

tional drag. Indeed, our experimental data showed that there is a

marked increase in E-cadherin levels at the LM vertex compared

with the motile one during an optogenetic activation (Figure 3A).

We therefore sought to test if different frictional forces at the

vertices could capture the asymmetric vertex motion. At each

vertex, friction was set to a random value sampled from a normal

distribution with mean m0 and standard deviation m0=3, and

values were linearly interpolated along the junction. We found

a linear dependence of relative displacement on relative friction

mi=ðmLM +mMÞ, with mLM and mM being the friction coefficient at

the less-motile and the motile vertices, such that increased fric-

tion resulted in reduced motion (Figure 5E). As an estimate of the

friction in experimental measurements, wemeasured the relative

percentage of HECD1 at each vertex compared with the total

amount of HECD1 within each vertex pair. To our surprise, we

did not find any correlation between vertex motion and initial

cadherin-mediated friction (Figure 5H). Instead, we found that

HECD1 intensities were relatively even between each vertex

before optogenetic activation.

Finally, we considered the effects of varying tension along the

junction induced by RhoA-mediated contractility. We varied ten-

sion along the junction by setting the tension at each vertex to be
of points along the junction with brighter colors showing higher tension, with

n of their relative stiffness.

f their relative friction.

of their relative tension.

ity ratio at T-10 before optogenetic activation.

rcentage at each vertex.

s for (J) the less-motile vertex, and (K) the motile vertex. Dashed line indicates a

ess over friction, equal to the gradient of the fit, for the less-motile and motile
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a random value sampled from a normal distribution with mean

L0 and standard deviationL0=3 and linearly interpolated tension

along the junction. We found that vertices under higher tension

(more contractility) underwent larger displacements (Figure 5F).

To measure relative junction tension, we returned to our CN03

wash-in experiments to measure RhoA intensities. We split the

junction into two halves and measured the relative intensity of

AHPH at each junctional portion compared with the total amount

of AHPH along the junction proper. Plotting relative displace-

ment as a function of this percentage of RhoA intensity, we found

a correlation between less-motile vertices and the relative

amount of junctional RhoA present (Figure 5I). Here, data sug-

gested that the closer the RhoA was to a vertex, the less it

moved, consistent with our data in Figure 2G. This was starkly

contrasted to highly motile vertices, which were distal to RhoA

regions and experienced little RhoA-mediated tension.

Together, these data suggest that asymmetries in friction, ten-

sion, and stiffness parameters alone were insufficient to explain

asymmetries in vertex movement during junction contractions.

RhoA recruitment of E-cadherin reduces vertex motion
Our experimental data demonstrated that vertices with higher

recruitment of RhoA moved less (Figure 2). In contrast, simu-

lations predicted that tension increased proximal vertex dis-

placements (Figure 5F). At the same time, less mobile vertices

also showed a marked increase in E-cadherin levels during an

optogenetic activation (Figures 3A–3C). This suggests a likely

coupling between force and adhesion strength. To explore

how these change over time, we plotted the normalized vertex

speed as a function of its normalized displacement

(Figures 5J, 5K, and S4A–S4F). We observe that the initial ve-

locity of the less-motile vertex is smaller than the motile vertex

(Figures 5J and 5K [y-intercept]). Moreover, the less-motile

vertex slows down more rapidly over time (Figures 5J and

5K [slopes of curves]). By assuming a simple linear spring

model for vertex displacements, _ui = ðLi � ðki +EÞuiÞ=mi, we

can make estimates of the tension and stiffness relative to

the friction (STAR Methods) and find that the ratio of the ten-

sion to friction is lower in the LM vertex than in the M vertex

(Figure 5L). However, the LM vertex also has higher levels of

RhoA, which suggests higher levels of tension. Thus, the over-

all friction in the less-motile vertex must be overall higher than

that of the motile one. Furthermore, since the experimental

data showed a higher ratio of stiffness to friction in the less-

motile vertices (Figure 5M), the local effective stiffness of

these is much higher than that of the motile vertices.

These experimental data motivate introducing a coupling into

our model, such that the friction is tension-dependent (Fig-

ure 6A). This is conceptually similar to previously described ten-

sion-dependent strengthening of focal adhesions.32 With a high

coupling between tension and friction, an increase in tension

would increase friction to such an extent that the vertex would

move slower. Thus, we allowed tension-dependent friction and

stiffness by tension along the junction in our continuum model.

Again, we varied tension along the junction by setting the tension

at each vertex to be a random value sampled from the normal

distribution with mean L0 and standard deviation L0=3, and lin-

early interpolated tension along the junction. Using a low-force

catch bond model, the friction coefficient was given by mðLÞ =
1996 Current Biology 32, 1986–2000, May 9, 2022
mMðmLM=mMÞL�1, where mM and mLM are the estimated mean fric-

tion coefficients at the motile and non-motile vertices, respec-

tively. Similarly, the shoulder stiffness increases with tension

kðLÞ = kMðkLM=kMÞL�1, where kM and kLM are the estimated

mean stiffnesses at the motile and non-motile vertices, respec-

tively (Figure 6A).

Adding this coupling into the model is sufficient to quantita-

tively reproduce the experimental data heterogeneous junction

contraction (Figures 6B and 6C), the asymmetric vertex

displacement (Figure 6D) and the vertices speeds over time

(Figures 6E and S4) and the inverse correlation between relative

displacement and tension (Figure 6F compared with Figure 5I).

Thus, together these support the notion that force-dependent

recruitment of E-cadherin results in increased adhesion strength

(e.g., friction) and stiffness at the vertex. Indeed, ours and others’

data point to a common couplingmechanism between junctional

RhoA and E-cadherin, modulation of which alters the frictional

landscape of tricellular vertices.29,30,37

We further test this model by applying partial activations of

contractility in our model (Figure S5). By increasing tension to

just half of the junction near one of the vertices, we find that

the activated vertex moves less than the non-activated one, in

agreement with experiments, due to the increased friction and

stiffness from the shoulders (Figures S5A–S5C). In contrast, if

we have no force-dependent adhesion strengthening, we find

more motion at the activated junction (Figures S5D–S5F).

When we activate just the center third, we see equal motion at

the two vertices (Figures S5G–S5I). These simulations, coupled

with experimental data, indicated that the E-cadherin recruit-

ment at tricellular vertices likely increased the local friction coef-

ficient and shoulder stiffness to limit junction contraction in a

RhoA-dependent manner.

DISCUSSION

We present here a new model for vertex mechanoresponse that

successfully recapitulates asymmetric junction contraction via a

coupling between local tension and E-cadherin-mediated adhe-

sion strengthening (Figure 6G). We find that RhoA-dependent

contraction induces a heterogeneous contraction of the bicellu-

lar junction, with the center of contraction and RhoA localization

skewed toward the less-motile vertex. In order to quantitatively

model these data, we find that asymmetries in junctional stiff-

ness, friction, and tension parameters alone cannot successfully

recapitulate experimental data. Instead, we suggest a coupling

of friction with tension such that local RhoA induces both tension

and E-cadherin recruitment to increase adhesion strength (and

associated friction). Described previously for focal adhesions,

this coupling is a natural means to reduce vertex mobility as

force increases.32 Incorporating this coupling into our quantita-

tive model, we were able to successfully recapitulate the

observed dynamics of RhoA-induced junction contraction.

Needless to say, the complex feedbacks underlying cell junction

dynamics make it difficult to constrain such models and other

plausible physical models, including variation in junction elastic-

ity and viscosity, may likely exist.

Our study supports a ‘‘clutch’’ model for tricellular contact

engagement during junction contraction. In the absence of

RhoA activity, or at distal regions with less RhoA, little
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Figure 6. Force-dependent adhesion strengthening is sufficient to recapitulate junction dynamics

(A) Illustrative coupling of adhesion strength (friction) to tension for strong (pink) and weaker (purple) coupling values. Inset: Rho-dependent increases in

E-cadherin adhesion will counteract its effects on local motion. See also Figure S5.

(B) Simulated kymograph of junction contraction that includes this coupling. Lines show the motion of points along the junction, with brighter colors showing

higher tension, using the best fit parameters. See also Figure S5.

(C) Simulated (dots) and experimental (lines) relative displacement against relative position. Error bars show standard deviation. See also Figure S5.

(D and E) (D) Vertex displacement and (E) vertex speed over time using best fit parameters in the model (solid lines), and in experiments (dashed lines). See also

Figure S5.

(F) Normalized displacement against relative tension for the model (solid line), using randomly distributed tensions.

(G) Schematic of illustrating how RhoA-Ecad coupling underlying force-dependent adhesion facilitates asymmetric contraction. The junction (actin, black;

membrane, gray) with cadherin-based adhesions (purple rods) and respective adhesive linkers (orange barbells) shows homeostasis before RhoA activation

(Purple barbells). Upon RhoA recruitment, there is a gradient of RhoA that forms an asymmetry along the junction that increases locally the friction and lowers the

motility of the proximal vertex. This friction gradient induces asymmetric contraction.
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E-cadherin is recruited to the vertices. When RhoA-mediated

tension is applied to the junction, proximal tricellular adhesions

undergo a rapid accumulation of E-cadherin to strengthen adhe-

sion and restrict motion in a process similar to that previously in

focal adhesions.32We envision a similar mechanism operating at

tricellular vertices such that mechanosensitive reinforcement of

tricellular contacts engages the clutch to strengthen adhesions

under load. This adhesion reinforcement restricts vertex motions

asymmetrically, as RhoA-mediated tension is stochastically

skewed toward one vertex.

These data beg the question as to how RhoA is stochastically

placed along the junction. We believe the junction is split into

discrete domains that are primed for RhoA activation. These

primed regions could be borne out of heterogeneities in adhesive

complexes, which exist as puncta along the junction.38 For

example, lower junctional E-cadherin levels spatially orientmedi-

oapical contractile flows to coordinate junction contractions.39

These domains’ potential for RhoA activation can be exacer-

bated by the junctional landscape. The local junction composi-

tion, specifically lipid and other protein signaling, could generate

these distinct contractile units. Indeed, lifetimes of active GTP-

RhoA can be enhanced via a coincidence detection scheme

upon cyclic binding to the lipid PIP2 and the junctional protein

Anillin.26 Protein-lipid microdomains, scattered along the junc-

tion, could therefore create a permissive environment for RhoA

activation that is necessary for junction contractions. Spatial het-

erogeneities in adhesion, lipids, and protein localization could

therefore be critical in determining which portion of the junction

is capable of activating RhoA. Further work is needed to discern

what specifies these unique microdomains.

These data have serious implications for the canonical mathe-

matical models of epithelial tissues. In traditional vertex models,

the tissue is a network of edges and nodes whose geometry and

topology depends on active forces. The positions of these

vertices anchoring bicellular interfaces are determined by the

parameters of interfacial tension and pressure within each

cell.35 Vertices can then move in response to mechanical forces,

but the extent of thismovement is proportional to the parameters

describing vertex friction, shoulder edge tension, and tricellular

contact stiffness. Using our heterogeneous junction model, no

one single parameter describing friction, tension, or stiffness

was able to recapitulate experimental data. Instead, we find

that the incorporation increases in friction arising from local

RhoA activation successfully modeled vertex asymmetry.

Most studies of cell shape changes, to date, concern the

movement of bicellular interfaces between two neighboring

cells. In development, these junctional zones experience

spatially distinct contractile flows that drive qualitatively different

and rather opposing junctional responses. Medioapical flows to

the bicellular region correspond to junction deformations,

whereas flows to the tricellular contacts restrict such contrac-

tions.5,13 We see similar junctional responses by optogenetically

activating specific junctional zones, with the region of RhoA acti-

vation accumulating E-cadherin. Our previous work examining

stable junction deformations show that longer optogenetic acti-

vations facilitate junction length changes through E-cadherin

clustering and internalization.9 It would be of interest to see

how optogenetic activation of these junctional zones at longer

timescales would facilitate their remodeling.
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Yet, what is the physiological benefit in restricting vertex mo-

tion? In the Drosophila germband, tricellular E-cadherin recruit-

ment is associated with the stabilization of the junctional ratchet.

This stabilization ensures progressive interface shortening to

facilitate cellular rearrangements.13 In our optogenetic system,

we do not find stable, irreversible contractions at short time-

scales but rather reversible junctional deformations. As such, it

is unlikely that this vertex reinforcement is sufficient to stabilize

junctional shortening. However, it may be necessary to maintain

epithelial cohesion under increased tension of neighboring cells.

Strong contractions, in principle, could compromise intercellular

junctions and barrier functions. Indeed, vertices are principal

sites of epithelial fracture in highly tensile epithelia.37 Mechano-

sensitive reinforcement of vertices could therefore restrict major

cell and tissue deformations to maintain tissue homeostasis.

This mechanism seems plausible, as RhoA-mediated junctional

mechanotransduction is a known regulator of tissue integrity.37
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KEY RESOURCES TABLE
REAGENT or RESOURCE SOURCE IDENTIFIER

Antibodies

Anti-E-Cadherin HECD1 Abcam Ab1416; RRID:AB_300946

Anti-E-Cadherin DECMA Abcam Ab11512; RRID:AB_298118

Alexa Fluor Goat anti Mouse 647 Invitrogen Cat#A-21235;

RRID: AB_2535804

Alexa Fluor Goat anti Rat 647 Invitrogen Cat#A-21247;

RRID:AB_141778

Paxillin (5H11) Millipore Cat#05-417; RRID:AB_309724

Alexa Fluor 488 Phalloidin ThermoFisher Cat#A12379

Bacterial and virus strains

Stellar Competent E. coli Clontech Cat#636766

Chemicals, peptides, and recombinant proteins

C3 Transferase Cytoskeleton, inc. Cat#CT04

CN03 Cytoskeleton, inc. Cat#CN03

Lipofectamine 3000 Invitrogen Cat#L3000015

ResEcad Sigma-Aldrich Cat#205615

NSC23766 Tocris Cat#2161

Critical commercial assays

NucleoSpin RNA Purification Kit Macherey Nagel Cat#740955

SuperScript III System Invitrogen Cat$18080051

PrimeTime Gene Expression Master Mix IDT Cat#1055772

Experimental models: Cell lines

Human: Caco-2 2xPDZ-LARG;

Stargazin-LOVpep

Cavanaugh et al.9 N/A

Human: Caco-2 E-Cadherin GFP Acharya et al.16 N/A

Human: Caco-2 ATCC HTB-37

Oligonucleotides

CDH1 (Hs.PT.58.33240271) IDT N/A

GAPDH (Hs.PT.39a.22214836) IDT N/A

Recombinant DNA

mCherry-AHPH Budnar et al.26 N/A

Software and algorithms

FIJI Schneider et al.40 Fiji.sc

Snapgene Software GSL Biotech LLC Snapgene.com

Metamorph Molecular Devices Moleculardevices.com

Prism GraphPad Software Graphpad.com

Excel Microsoft Microsoft.com

Matlab MathWorks Mathworks.com

Python Python Python.org

Other

Nunc Lab Tek II Chamber Slides ThermoFisher Cat#155453PK

Ibidi 4-well Chamber Ibidi Cat$80426

Rat Tail Collagen I Corning Cat#354236

ProLong Gold ThermoFisher Cat#10144
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RESOURCE AVAILABILITY

Lead contact
Further information and reagent requests should be directed to the lead contact, Margaret Gardel (gardel@uchicago.edu).

Materials availability
This study did not generate new unique reagents. All reagents in this study are available from the lead contact with a completed Ma-

terials Transfer Agreement upon request.

Data and code availability

d All data reported in this paper will be shared by the lead contact upon request.

d Code will be available at https://github.com/BanerjeeLab/CellJunctionModel

d Any additional information required to reanalyze the data reported in this paper is available from the lead contact upon request.
EXPERIMENTAL MODEL AND SUBJECT DETAILS

Cell lines
Male Colorectal adenocarcinoma cells (Caco-2) with genetic backgrounds ofWT, E-Cadherin-GFP CRISPR (generated in16), and op-

togenetic lines (generated in9) were cultured in DMEM media (Corning), and supplemented with 5% Fetal Bovine Serum (Corning),

2 mM L-glutamine (Corning), and penicillin-streptomycin (Corning). Cell lines were maintained in a humidified incubator at 37C with

5% CO2.

METHOD DETAILS

Live-cell imaging and transfection
To ensure a confluent and mature epithelial monolayer, Caco-2 cells were plated densely on 2 mm/ml polymerized collagen gels9,41

(unless specified otherwise) coating the bottom of a 4-well Ibidi Chamber (Ibidi). Cells were then allowed to grow for at least 1-2 days

to ensure a polarized and confluent monolayer. Ibidi chambers were then placed into a stage incubator with temperature, humidity,

and CO2 control (Chamlide TC and FC-5N; Quorum Technologies). All pieces of the stage incubator (stage, adapter, cover, and

objective) were maintained at 37C. To analyze RhoA dynamics, 5 m g of mCherry-AHPH RhoA biosensor DNA was transfected

into GFP E-cadherin CRISPR cells using Lipofectamine 3000 (Invitrogen) at least 24 hours before imaging. For CN03 wash-in exper-

iments, cells were imaged in the 488 and 561 channels every 5 or 8 minutes, until 2 hours of timelapse imaging was completed. At the

beginning of imaging, either media or 1m g/ml CN03 was added to the media to document junctional responses. To visualize

E-Cadherin in the optogenetic system, we bathed the cells in HECD1 (Abcam) primary and secondary antibody, Alexa Fluor goat

Anti-Mouse 647 (Invitrogen), both at a 1:1500 dilution in normal media for at least 24 hours. When applicable, E-cadherin was visu-

alized using DECMA (Abcam) primary and secondary Alexa Fluor Goat Anti-Rat (Invitrogen) antibodies at 1:1500 dilution in normal

media for at least 24 hours. Before imaging, cells were washed with PBS and replaced with normal media or media containing chem-

ical perturbations described below. For optogenetic experiments, cells were imaged in the 561 and 647 channel every 35 seconds.

The first 10 minutes was to establish a baseline junctional response before the 5-minute optogenetic activation, with the last 15 mi-

nutes documenting junctional relaxation. During the activation period, a region around the junction was manually drawn in

MetaMorph and adjusted in real time for illumination by the 405nm laser for 1000ms immediately before the acquisition of each image.

Laser power was at 1000AU. For junction and vertexmovement analysis, via both CN03 and optogeneticmeans, we chose to analyze

junctions that were distal from cell divisions and/or apoptotic extruding cells to ensure a cohesivemonolayer. For picking optogenetic

cells, cells were chosen based off of their expression level, which showed junctional recruitment and depletion of the prGEF from the

cytosol. All junctions were imaged at the apical plane just below the surface to visualize all vertices and junctional connections.

Drug treatments
Cells were treated with a 1:1500 dilution DECMA antibody treatment 24 hours before experimentation. Optogenetic and WT cells

were treated with 500 mMResEcad (Calbiochem) or 100mMNSC23766 (Tocris) 24-48 hours before optogenetic activation or down-

stream applications such as fix-and-stains or qPCR.

qPCR
Total RNA was isolated with NucleoSpin kits (Macherey-Nagel). First-strand synthesis was carried out using the SuperScript III sys-

tem (Invitrogen) with an oligo dT primer and 200 ng of total RNA as input. First-strand reactions were diluted 5-fold and 2 m l was used

as template in 20 ml reactions prepared with PrimeTime master mix (IDT) and PrimeTime pre-designed qPCR primer/probe mixtures

from IDT (CDH1: Hs.PT.58.3324071; GAPDH: Hs.PT.39a.22214836). A StepOnePlus instrument (Applied Biosystems) was used for

running the qPCR reactions. Relative mRNA levels were determined by the 2-DDCt method utilizing GAPDH as a reference gene.
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Immunofluorescence
Cells were plated onto polymerized collagen gels coating a Lab Tek II Chamber slide (Thermo Fisher Scientific). Once a confluent

monolayer was formed, cells were fixed with 4%PFA with 0.1% Triton X-100 in PBS solution (Corning). Permeabilization was

achieved through 0.5% Triton X-100 for 10 min and then cells were blocked with 2.5% BSA and 0.1% Triton X-100 in PBS for

one hour. Primary antibody, Paxillin (Millipore) at 1:300 or HECD1 at 1:300, was incubated in blocking solution overnight at 4C

and then washed at least 3 times for 20 minutes in 0.1% Triton X-100. Slides were the coated with secondary antibody, Alexa Fluor

Goat anti-Mouse 647 (Invitrogen), and Alexa Fluor phalloidin 488 (ThermoFisher) in blocking solution for one hour. After 3 consecutive

20-minute washes in 0.1%Triton X-100, slide chambers were removed and coatedwith 20ul ProLongGold (ThermoFisher Scientific).

Slides were then sealed with glass coverslips before drying and sealing with nail polish. Slides were then stored at 4C.

Microscopy
Optogenetic experiments were performed on an inverted Nikon T-E (Nikon, Melville, NY) with a laser merge module with 491, 561,

and 642nm laser lines (Spectral Applied Research, Ontario, Canada) with a Yokogawa CSU-X confocal scanning head (Yokogawa

Electric, Tokyo, Japan). The Zyla 4.2 sCMOSCamera (Andor, Belfast, UK) collected the images. Optogenetic activationwas achieved

using a Mosaic digital micromirror device (Andor) attached to a 405nm laser. Images were collected on a 60X 1.2 Plan Apo water

(Nikon) objective. MetaMorph Automation and Image Analysis Software (Molecular Devices, Sunnyvale, CA) controlled all hardware.

Fix-and-stain and live-cell imaging of CN03 wash-ins were performed on an LSM 980 system with an Airyscan 2 (Zeiss) detector in

super resolution-mode with a 63x NA1.4 oil objective (Zeiss). Microscopy software used was the Zen digital imaging suite (Zeiss).

Junction contraction and vertex displacement
Vertex displacement and individual vertex traces were acquired by manually tracking each vertex in a vertex pair using the Manual

Tracking tool in Fiji40. Junction lengthswere analyzed bymanuallymeasuring in each frame the junction length using the free hand line

tool in FIJI software. Junction kymographs were generated with a python script written in FIJI to reconstruct user-drawn line seg-

ments along the junction proper. Kymographs were made from unregistered image stacks to preserve asymmetry in junction

contraction. Linescans of activated regions and E-cadherin along the junction were taken using the Plot Profile tool of a hand-drawn

line along the junction in FIJI. Linescans were taken before optogenetic activation and after 5 minutes of activation. Junction intensity

profiles were then normalized for the junction length from 0 to 1. Contracted length was calculated by dividing the length of the junc-

tion at T=5 divided by the length at T=0 during optogenetic activation. Percentmovement was calculated as the displacement of each

vertex from the original vertex position in a kymograph divided by the sum of both vertex displacements.

Calculating HECD1 Intensities
Vertex fluorescence HECD1 intensities were calculated by drawing a circle around the vertex region in each frame andmeasuring the

intensities over the time course using the FIJI intensity analysis tool. HECD1 fluorescence intensities over time for center-third acti-

vations were measured by taking the outline of the activation mask and measuring intensities within that region of activation with the

FIJI measure tool. To analyze a region distal to the region of activation, the mask was once again used as a reference length but

manually adjusted to exclude tricellular vertices and the activation region.

Quantification of focal adhesion size
To analyze focal adhesion size and number, the paxillin channel was thresholded andmade into a binarymask to calculate the area of

focal adhesions within a cell, as indicated by boundary edges seen from apical actin staining, as performed in Huang et al42. The

binary mask was then overlaid onto the paxillin channel to segment the image and calculate the area of paxillin with a threshold

of 0.25 m m2 and also the number of focal adhesions within that cellular region identified by apical actin staining.

Contractile uniformity and center calculations
Contractile uniformity within each junction was analyzed bymanually tracking E-cadherin puncta in each kymograph using the paint-

brush tool in FIJI. Both the displacement and position along the junction were normalized by the initial junction length, and set so that

the less-motile vertex has position 0 and the motile vertex has position 1. The maximal displacement of each contracting E-cad

puncta as a function of the initial position along the junction was found. The data was then binned by normalized junction position,

and themean and standard deviation plotted (Figure 2B). The kymograph’s center of contraction was determined by the root value of

the linear fit through a graph of vertex displacement vs average distance from junction center, and the center of contraction was then

normalized so that the position of the less-motile vertex was 0 and the more motile vertex as 1, meaning the center of the junction

would be the position of 0.5. RhoA localization along the junction was found by averaging the AHPH RhoA intensity at the final five

timepoints within the kymograph and fitting it to a gaussian using the Matlab fit function. The junction position of the gaussian peak

was determined to be the center of RhoA localization and normalized.

Computational model
The junction is model by an elastic continuum with Young’s modulus E, RhoA induced contractility LðxÞ and friction mðxÞ, which my

both vary along the junction. The shoulder junctions are modelled as provided a simple spring like resistance to deformation, with

stiffnesses kbot and ktop at the ends of the junction. We normalize space by the length of the junction, such that x = 0 and x = 1
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are the locations of the vertices, and we normalize stresses by the Young’s modulus of the junction, such that E = 1, leaving us only

with dimensions in time.

To numerically solve the model for the junction, we discretize the system into n equally spaced points along the junction, ui, with

tension li and friction coefficient mi. The discretized equations of motion are given by:

m0 _u1 =
Eðu2 � u1 � dxÞ

dx
+ l0 � kbotu2;
mi _ui =
Eðui + 1 � 2ui + ui�1Þ

dx2
+
ðli + 1 � li�1Þ

2dx
; for i= 2;.; n� 1
mn _un =
Eðun � un�1 � dxÞ

dx
� ln � ktopðun � 1Þ;

where dx = ð1 =nÞ is the distance between position along the junction. The equations are then integrated numerically over time using

the python package scipy. For each set of simulations, 100 samples are taken.

Model parameters
The model parameters are obtained by analyzing the average vertex motion over time. We observed that vertex motion slows with

time, and thus slows with displacement. Assuming a simple linear spring model _u = ðL � ðk +EÞuÞ=m, we can fit the speed vs

displacement curve with a straight line to obtain the tension to friction ration L0=m0 from the intercept, and relative stiffness,

ðk0 +EÞ=m0, from the slope. Since our parameter values are relative, we may estimate these values by choosing tension L0 =

1:5, and Young’s modulus E = 1.
Parameter Symbol Value

Number of points n 21

Junction Young’s Modulus E 1

Tension L0 1.5

Friction Coefficient m0 40.1 min

Shoulder stiffness k0 4.52
Next, we analyze the motion of the motile and less-motile vertices separately. We find that the motile vertex has a lower relative

friction, as it initially moves faster, a lower relative stiffness, as it slows less with displacement, than the less-motile vertex. However,

from the RhoA profiles we observe roughly twice as much RhoA at the less-motile vertex than the motile vertex. Thus, using our fit

values and assuming a motile tension of LM = 1 and less-motile tension LLM = 2, we obtain values for the stiffness, kM and kLM, and

the friction, mM and mLM, at themotile and less-motile vertices. Finally, to introduce coupling between force and adhesion strength and

elastic stiffness into the model, we set the friction and stiffness to be exponential functions of the tension that match our deduced

values at L= 1 and L = 2:

mðLÞ = mM

�
mLM

mM

�L�1

;

and

kðLÞ = kM

�
kLM
kM

�L�1

:

Tension is then sampled from a normal distribution at each vertex with mean 1.5 and standard deviation 0.5. The parameters ob-

tained are listed below:
Parameter Symbol Value

Number of points n 21

Junction Young’s Modulus E 1

Motile Tension LM 1

Less-Motile Tension LLM 2

Motile Friction Coefficient mM 20.3 min

Less-Motile Friction Coefficient mLM 77.3 min

(Continued on next page)
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Parameter Symbol Value

Motile Shoulder stiffness kM 0.996

Less-Motile Shoulder stiffness kLM 17.5
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Shoulder stiffness calculations
To estimate the mechanical resistance to motion from the shoulder junctions, we use a simple line tension model of the junctions.

Assuming that line tension from the junctions is under force balance, we may calculate the relative tensions from the force balance

and derive an effective mechanical energy of the system as the central junction changes length. From this, the second derivative

gives us the mechanical stiffness from the shoulder junctions. Let l be the tension of the central junction, l1 and l2 the tensions

of the two shoulder junctions, and q1 and q2 be the angles between the shoulder junctions and the central junction, and l1 and l2
be the initial shoulder junction lengths.

By force balance we have:

l1 sin q1 = l2 sin sin q2

and

l = l1 cos cos q1 + l2 cos cos q2

in the x and y directions, respectively, which give the relative tensions.

Next, we calculate the effective resistance from the shoulders by considering the second derivative of the energy with respect to

the junction length, y. We can write the shoulder junction lengths as

LiðyÞ =
�
l2i qi + y2

�1
2;

with first derivative

dLi

dy
=

y

Li

;

and second derivative

d2Li

dy2
=
qi

Li

:

Thus, the mechanical energy E = l1L1 + l2L2 � ly has second derivative at the initial position of d2E=dy2 = ðl1q1 =l1Þ+ ðl2q2 =l2Þ= k

the effective shoulder stiffness.

QUANTIFICATION AND STATISTICAL ANALYSIS

Statistical analysis was performed in Excel, GraphPad Prism, and Matlab, to establish statistical significance under specific exper-

imental conditions. Where applicable, boxes indicate Standard Deviation and whiskers indicate Standard Error. Normally distributed

data were analyzed for significance with ****=p<0.0001, ***=p<0.0009, and **=p<0.05 as calculated by the two-tailed Student’s t-

Test. Bimodal data was calculated for significance using a Hartigan Dip Test43. n represents the number of junctions or vertices

analyzed in each experiment, which is indicated in the figure and its respective legend. Data was only excluded if the optogenetically

activated junction was proximal to a cell division event and/or extruding cell because this mechanical perturbation affected local

junctional mechanics within the analyzed tissue area.
Current Biology 32, 1986–2000.e1–e5, May 9, 2022 e5


	CURBIO18309_proof_v32i9.pdf
	Force-dependent intercellular adhesion strengthening underlies asymmetric adherens junction contraction
	Introduction
	Results
	RhoA stimulates asymmetric junction contraction in a model epithelium
	Asymmetric contraction can be driven by heterogeneity in active RhoA
	Mechanosensitive E-cadherin induces vertex friction at LM vertices
	Local RhoA drives E-cadherin accumulation
	Mechanical model of asymmetric junction contraction
	RhoA recruitment of E-cadherin reduces vertex motion

	Discussion
	Supplemental information
	Acknowledgments
	Author contributions
	Declaration of interests
	References
	STAR★Methods
	Key resources table
	Resource availability
	Lead contact
	Materials availability
	Data and code availability

	Experimental model and subject details
	Cell lines

	Method details
	Live-cell imaging and transfection
	Drug treatments
	qPCR
	Immunofluorescence
	Microscopy
	Junction contraction and vertex displacement
	Calculating HECD1 Intensities
	Quantification of focal adhesion size
	Contractile uniformity and center calculations
	Computational model
	Model parameters
	Shoulder stiffness calculations

	Quantification and statistical analysis




